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cycling,[2] wastewater processing,[3] and 
infectious diseases.[4] Commensal biofilms 
are indispensable components of healthy 
human microbiome.[5,6] Traditional 
methods to grow biofilms in vitro can be 
classified in two categories[7]: static cultiva-
tion or flow reactors. Under static condi-
tions, biofilms can grow on agar plates, 
the surface of well plates, or the air–water 
interface, with few mechanical or thermal 
fluctuations. The major disadvantages 
include the lack of continuous replace-
ment of medium and interference of 
planktonic cells with the sessile biofilms. 
Flow reactors were advanced with contin-
uous supply of fresh medium and stimu-
lants, incorporation of shear forces to 
mimic natural conditions, access of micro-
scopic imaging of the biofilms. Microflu-
idic flow cells have been introduced to 
further reduce reagent consumption and 
provide more precise hydrodynamic and 
chemical microenvironments.[8–14] How-
ever, potential drawbacks to microfluidic 
flow cells include limited periods of obser-

vation,[15] unpredictable changes of the hydrodynamic environ-
ment due to overgrowth of biofilms,[16] development of biofilm 
gradients from the inlet of the device to the outlet,[17] corner 
effects in rectangular channels,[18] and decreased consistency 
of biofilm growth between experimental batches. Due to the 
inherent complexity and heterogeneity of biofilms, new tools 
and technologies are urgently warranted for more quantitative 
study of biofilms, including their development, structure, and 
biofilm–drug interaction.

Here we demonstrated a novel method for cultivation of 
bacterial biofilms in sessile droplets, which were named as 
the dynamic sessile-droplet habitat (DSH). The method is con-
structed based on droplet microfluidic technique.[19] Arrays of 
sessile droplets attached on the bottom surface of the micro-
channel were designed for seeding bacterial cells and providing 
space and nutrients for growth of biofilms spatially constrained 
to them. Nanoliter plugs flowing through the microchannel 
could dynamically exchange with the sessile droplets to sup-
port long-term growth of the biofilms and stimulate the bio-
films with shear stress. We analyzed the growth of biofilms of 
Pseudomonas aeruginosa PAO1 and its mutants, demonstrating 
the considerable potential of this novel method in cultivation 
and characterization of microbial biofilms.

Bacterial biofilms play essential roles in biogeochemical cycling, degrada-
tion of environmental pollutants, infection diseases, and maintenance of 
host health. The lack of quantitative methods for growing and characterizing 
biofilms remains a major challenge in understanding biofilm development. In 
this study, a dynamic sessile-droplet habitat is introduced, a simple method 
which cultivates biofilms on micropatterns with diameters of tens to hundreds 
of micrometers in a microfluidic channel. Nanoliter plugs are utilized, spaced 
by immiscible carrier oil to initiate and support the growth of an array of 
biofilms, anchored on and spatially confined to the micropatterns arranged on 
the bottom surface of the microchannel, while planktonic or dispersal cells are 
flushed away by shear force of aqueous plugs. The performance of the afore-
mentioned method of cultivating biofilms is demonstrated by Pseudomonas 
aeruginosa PAO1 and its derived mutants, and quantitative antimicrobial sus-
ceptibility testing of PAO1 biofilms. This method could significantly eliminate 
corner effects, avoid microchannel clogging, and constrain the growth of 
biofilms for long-term observations. The controllable sessile droplet-based 
biofilm cultivation presented in this study should shed light on more quantita-
tive and long-term studies of biofilms, and open new avenues for investigation 
of biofilm attachment, growth, expansion, and eradication.

Biofilms

1. Introduction

Biofilms are sessile and well-organized microbial consortia 
that predominate in environmental, industrial, and clinical 
settings.[1] Biofilms exert a great impact on biogeochemical 
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2. Results

2.1. Design of the Biofilm Cultivation System

To culture biofilms in precisely confined conditions with con-
stant hydrodynamic conditions during a long time period, we 
followed several criteria to design the microfluidic system: i the 
size and shape of biofilms should be precisely controlled during 
growth; ii the device should permit continuous supplement of 
culture media; iii the device should allow appliance of control-
lable and predictable hydrodynamic condition to the biofilms; 
iv the biofilms should harbor distinct boundary for studying 
the expansion or dispersal behaviors. To fulfill these criteria, 
we introduced the DSH method based on droplet microfluidic 
technologies.[19–21] The device consisted of a top polydimethyl-
siloxane (PDMS) layer with microchannel and a bottom glass 
plate with arrays of hydrophilic micropatterns of different sizes 
(Figure 1A). The PDMS layer and the glass plate were aligned 
and put together based on reversible sealing which was water-
proof and could withstand pressure lower than 35 kPa as pre-
viously reported.[22] The glass surface under the microchannel 
was rendered hydrophobic by silanization except the circular 
micropatterns. The hydrophobic PDMS microchannel rendered 
the generation of nanoliter aqueous plugs and subsequent flow 
through the channel without residues on the surface (Video S1, 
Supporting Information). This hydrophilic/hydrophobic hybrid 
patterning resulted in the formation of an array of discrete ses-
sile droplets in the channel when aqueous plugs continuously 
flow through, and dynamic exchanging of the sessile droplets 

with the plugs due to surface tension and spatial confinement. 
(Figure 1D; and Video S2, Supporting Information).

To grow biofilms spatially confined in the sessile droplets, 
we first generated plugs with PAO1 cells using T-junction, 
and flowed the plugs through the channel to seed cells on the 
hydrophilic micropatterns (Figure 1B). The inoculation process 
was conducted continuously for 0.5–2 h, which ensured the 
irreversible attachment of several cells to each micropattern. 
Then, PAO1 cells flow was stopped, and culture media was 
infused through the channel to ensure the growth of biofilms 
(Figure 1C; and Video S3, Supporting Information). We moni-
tored the dynamic development of biofilms by automated time-
lapse imaging on an inverted microscope with a motorized  
X-Y stage. The inlets of PAO1 and culture media were physically 
separated by continuous oil phase. Therefore, contamination of 
media by bacteria during long-term cultivation was effectively 
avoided. Moreover, multiple inlets can be used to introduce dif-
ferent stimulant substances for applications such as live/dead 
staining (Figure S3, Supporting Information) and antimicrobial 
susceptibility testing (Figure 6).

2.2. Comparison of the DSH with Microfluidic Flow Cell

The biofilm growth in DSHs was compared with continuous 
flow cell method in terms of spatial structure, biomass, and 
uniformity of coverage. As shown in Figure 2, we used the 
same microchannel structure to seed and cultivate PAO1 
biofilms. An array of 52 micropatterns with 200 µm diameter 
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Figure 1.  Grow bacterial biofilm in dynamic sessile-droplet habitats (DSH). A) 3D schematic of device with arrays of DSHs patterned on the bottom 
of microfluidic channel. Magnified view displays the arrangement of micropatterns. The device contains 159 of 50 µm, 27 of 100 µm, 18 of 150 µm, 
and 13 of 200 µm size micropatterns. B,C) Seeding and growing PAO1 biofilms in DSH device. PAO1 cells encapsulated in nanoliter droplets were 
infused into the continuous phase (mineral oil) using the T-junction method, and seeded on hydrophilic micropatterns under the sessile droplets. Next, 
flow of cell suspension was stopped, and culture medium was infused from the bottom inlet generating droplets in T-junction to supply the growth of 
biofilms confined within the sessile droplets. D) Time-lapse microscopic images of the fusion and splitting process between the flowing droplets and 
sessile droplets. The diameter of micropatterns is 200 µm. Scale bars: 100 µm.
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were designed for generate 52 DSH biofilms with uniform size 
(see the design of the device in Figure 6A). The oil flow rate 
of 1.0  µL min−1 and medium flow rate of 0.3  µL min−1 were 
used for biofilms growth in 200  µm DSHs. A flow rate of 
1.3 µL min−1 for Luria-Bertani (LB) broth was used for contin-
uous flow to introduce similar flow velocity. As expected, after 
24 h of cultivation, the continuous biofilm (Figure 2A,C,D) 
covered the whole channel wall and was much denser and 
more heterogeneous than DSH-based biofilms (Figure 2B,E,F). 
Significant corner effects were observed for the continuous 
biofilm due to large differences between the shear stresses 
at the rectangular channel corners comparing with those at 
straight wall segments.[8] The thickness of the biofilms reached 
to the depth of channel (150  µm) were observed along both 
sides of the channel (Figure 2C,D), which resulted in dramatic 
increase of flow resistance and intervention along the micro
fluidic channel, affected the uniformity of shear force the 
biofilm received, and reduced the access to nutrients for the 
biofilms. The total biofilm attached area was 61.34 mm2 for 
the continuous biofilm, compare with 1.63 mm2 for 52 200 µm 
DSHs in one device (Figure 2G). As roughly estimated based 
on average fluorescence intensity, the overgrowth of the con-
tinuous biofilm occupied ≈79% of the cross-section of micro-
channel on average, leaving only ≈21% free cross-section for 
flow to passing through, compare with ≈95% for that of 200 µm 
DSHs at 24 h (Figure 2H). The estimated biomasses and rela-
tive frequency histogram of fluorescence images of the contin-
uous flow cells and 200 µm DSHs (Figure 2I,J) also revealed 
that the DSH method could effectively constrain the growth 
of biofilms in the microfluidic channel. Therefore, the DSH 
method was able to provide more consistent hydrodynamic 
environments and avoid catastrophic disruption of flow due to 
exponentially fast clogging of channel.[23]

We also observed that the DSH method can significantly 
reduce biofilm gradients from the inlet to the outlet of the 
device, which normally observed in continuous reactors 
including microfluidic flow cells.[17] Scaling down the size of 
micropatterns could further decrease the biomass of biofilms 
on each DSH. As the volume of sessile droplets (50–200  µm 
in diameter, ≈0.02–1.5 nL in volume) was much smaller than 
the plugs (≈30 nL in volume), nutrients, and signals could be 
effectively exchanged with the biofilms to support its growth. 
Although we had not measure the exact exchange efficiency, 
the process which involved both convective dispersion and dif-
fusion was likely similar to that of previous reported chemis-
trode devices,[20,24] which was developed for stimulate and col-
lect chemical signals at millisecond temporal resolution. The 
continuous plug flow efficiently removed dispersal cells and 
quorum sensing signals, which also helped to eliminate pos-
sible gradient effects between neighboring DSHs. Moreover, 
the flow rate of the oil can be varied to apply different shear 
force to the biofilms and accelerate the exchanging process. 
An optimized oil flow rate of mineral oil of 1  µL min−1 was 
obtained based on reliable and reproducible growth of biofilms 
on 200 µm DSHs (Figure S4, Supporting Information).

2.3. Initializing Biofilm Growth in DSHs with Controllable  
Cell Numbers

At the initial stage, the irreversible attachment of bacteria to 
the surface was crucial for the development of biofilm.[7] The 
transition from reversible attachment to irreversible adhesion 
depended on the response of cells to the micro-environmental 
changes,[25] and the number of attached cells to a surface could 
serve as an indicator of the dynamic developmental process.[26] 
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Figure 2.  Comparison of biofilm formations in microfluidic flow cell and DSHs. The identical microfluidic channel design (68 mm long; 150 µm × 300 µm 
cross-section area) was used for both methods. 52 DSHs with diameter of 200 µm were distributed along the microfluidic channel with spacing of 
600 µm. Schematic illustration of biofilm development in A) flow cell and B) DSH. C–F) Representative bright-field (BF) and green fluorescence (GFP) 
images for the flow cell C,D) and DSHs D,F), imaged after 24 h of seeding. Scale bars: 100 µm. G) Comparison of biofilm-attached area for flow cell 
and DSH. H) Estimated free cross-section at 24 h for flow cell and DSH based on fluorescence. Numbers are the areas calculated in square millim-
eters. I) The biomasses of biofilms evaluated by average fluorescence intensities obtained from selected regions (300 × 300 µm, as shown in panels 
(D) and (F)) along the microfluidic channels. Error bars, SD (flow cell, n = 10; DSH, n = 24). J) Relative frequency histograms of fluorescence images 
of continuous biofilm (white dashed lines in panel (D)) and DSH biofilm (white dashed line in panel (F)).
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To determine the specific mechanism of the effect of the area 
of micropatterns on the number of attached cells, we flowed 
PAO1 cell suspension (OD600 = 0.5) through the microchannel 
for 1 h to seed cells on the micropatterns with diameters of 50, 
100, 150, and 200  µm, and then flowed LB broth for another 
15  min to remove nonattached cells before counting cell 
number on each micropattern. As a result, cells only attached 
on the hydrophilic micropatterns throughout the microfluidic 
channel, and cells were distributed randomly and evenly on 
the array of micropatterns. The attached cell numbers varied 
between different micropattern sizes (Figure 3A; and Figure S2, 
Supporting Information). For DSHs with sizes of 200, 150, 
and 100 µm, 1 h seeding could guarantee 100% micropatterns 
seeded with cells (Figure 3B). However, when the diameter 
reduced to 50 µm, the seeding rate decreased to 71.7%, and the 
average attached cell number decreased to 1.43 ± 1.37 (n = 159).

To optimize the seeding condition, we tested seeding time 
from 0.5 to 2 h with PAO1 cell of OD600  = 0.5 on 200 µm 
micropatterns to investigate the influence of seeding time 
on the number of attached cells. As shown in Figure 3C, the 
average number of attached cells was strongly correlated to inoc-
ulation time. Next, we tested the effect of the concentration of 
seeding cell suspension from OD600 = 0.01 to OD600 = 1.0, with 
fixed seeding time of 2 h. As shown in Figure 3D, the number 
of attached cells varied from 1  ±  1 to 399.3  ±  110.1 (n  = 26) 
on 200 µm micropatterns. And typical flow rates of inoculation 
plug were 1.0 µL min−1 for mineral oil (Qoil) and 0.3 µL min−1 

for cell suspension (Qcell), which generated around 10 plugs per 
minute for cell attachment. To ensure the reproducibility of the 
afterward growth of biofilm in DSHs, OD600 = 0.5 together with 
an inoculation time of 2 h was selected for biofilm growth of 
PAO1 and its mutants.

2.4. Effect of Micropattern Size on Biofilm Development

P. aeruginosa PAO1 harbors an extraordinary ability to attach to 
biotic or abiotic surface through direct interaction with the sur-
face.[27] However, when PAO1 cells were attached in a DSH with 
limited space, the development of biofilm might be suppressed 
due to constrained nutrients, shear stress, limited cell–cell inter-
action, and rapid diffusive loss of signaling molecules. Therefore, 
we assumed that micropattern size might affect the develop-
ment of biofilms. To test this hypothesis, we flowed PAO1 cell 
suspension for 2 h to seed cells on the micropatterns with diam-
eters from 50, 100, 150, to 200  µm. Then, LB plugs were used 
to supply the growth of biofilms in DSHs continuously for 24 h.

As a result, the percentage of DSHs with biofilm growth 
was affected by the size of micropatterns (Figure 4A,B). With 
a 2 h seeding of PAO1 cell suspension (OD600  = 0.5) at opti-
mized condition (Qcell = 0.3 µL min−1, Qoil = 1.0 µL min−1), all 
DSHs with diameters of 150 and 200  µm developed biofilm 
after 24 h, based on the microscopic observation of significant 
biomass increase, and formation of multilayered structures. 
However, among 159 DSHs with size of 50  µm (the total 
area was close to that of 18 DSHs with size of 150 µm), only 
12.3 DSHs (7.76%, average of three experiments) developed 
biofilms. By further reducing the inoculation time to 1 h, the 
biofilm occupation of area after 24 h incubation for DSHs with 
sizes of 50, 100, and 150  µm subsequently reduced to 2.5% 
(n  = 159), 40.7% (n  = 27), and 88.9% (n  = 18), respectively, 
while 200 µm DSHs remained 100% (n = 13). For DSHs with 
sizes of 150 and 100  µm, 1 h seeding could guarantee 100% 
micropatterns seeded with PAO1 cells (Figure 3B), but not all 
DSHs with attached cells developed biofilms after 24 h. Inter-
estingly, on those micropatterns with no biofilm growth, we 
found that cells remained attached on the surface, with neg-
ligible growth during 24 h. Thus, 200  µm was found to be a 
better size which could robustly develop biofilms under the 
current experimental settings. Collectively, these results sug-
gested that biofilm formation was influenced by the size of 
attachable surface, and there existed a threshold size which 
attached cells may not develop into biofilms under hydrody-
namic environments.

2.5. Lifespan Observation of Bacterial Biofilms under Stable 
Hydrodynamic Conditions

To demonstrate that the DSH method could be used to study 
long-term development of biofilms, two strains were applied, 
the wild type strain PAO1 and its ∆psl mutant, to cultivate 
their biofilms continuously for 50 h using 200 µm DSHs, 
with Qoil = 1 µL min−1 and Qmedia = 0.3 µL min−1. psl Exopol-
ysaccharides are key components of the biofilm matrix in 
P. aeruginosa that enable bacterial cells attachment to surface, 
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Figure 3.  Attachment of PAO1 cells in DSHs for initialization of biofilm 
development. A) Attached cell number in DSHs with diameters of 200, 
150, 100, and 50 µm after 1 h seeding with the PAO1 culture (OD600 = 0.5).  
B) The percentage of micropatterns with at least 1 cell attached after 1 h 
inoculation, with diameters from 200 to 50 µm. Error bars, SD (50 µm: 
n = 159, 100 µm: n = 27; 150 µm: n = 18; 200 µm: n = 13). C) The cor-
relation of irreversibly attached PAO1 cells and seeding time on 200 µm 
micropatterns. Error bars represent standard deviations (n = 26). D) The 
effect of seeding cell density (OD600) on the attached cell number on 
200 µm micropatterns (seeding for 2 h). Error bars, SD (n = 13).
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promote the bacterial cell–cell interaction, and maintain the 
biofilm structure. The time-series images of PAO1 and ∆psl 
biofilms demonstrated the different developmental processes 
(Figure 5A; and Videos S4–S6, Supporting Information). PAO1 
exhibited robust biofilm formation on the micropatterns as 
its biofilms continued growing during 16 h, which began to 
grow out of the 200 µm size micropatterns at 24 h, and even-
tually formed biofilm streamers after 40 h of cultivation. In 
contrast, the biofilm of Δpsl mutant showed weak attachment 
on the micropatterns, reached its summit at about 22 h, and 
then sloughed for the first time as a plug passed by (Video S5, 
Supporting Information). Subsequently, we quantified the bio-
film growth of both PAO1 and ∆psl mutant based on change 
of average fluorescence intensity (Figure 5B,C). For wild type 
PAO1, we also measured the biofilm-covered area to quan-
tify the expansion process. We found that the development of 
PAO1 biofilm could be divided into three phases: the initial 

colonization phase (phase I), the spatially 
constrained growth phase (phase II), and 
the territorial expansion phase (phase III) 
(Figure 5B). The initial colonization of the 
micropatterns by the PAO1 biofilms lasted 
for about 20 h, then the biofilm biomass 
started to accumulate within the sessile 
droplets (phase II), where the growth and 
detachment of the cells occurred at the same 
time. After 32 h (phase III), biofilm biomass 
increased rapidly and expanded outside 
the micropatterns (see Video S6 recorded 
at 40 h, Supporting Information). The 
detachment ceased as the biofilm streamer 
became thicker and stronger. The extra-
cellular polymeric substance (EPS) of the 
biofilm streamers contaminated the hydro-
phobic surface outside micropatterns and 
made them biofilm-attachable. In contrast, 
the Δpsl biofilms did not form streamers 
and were limited within the micropatterns, 
and showed obvious periodic growth and 
sloughing cycles which lasted for about 
10–20 h (Figure 5C). To the best of our 
knowledge, we report for the first time of 
periodical growth and sloughing cycle of ∆psl 
mutant biofilms of PAO1. Collectively, these 
results suggested that EPS, especially psl, 
was essential for robust biofilm attachment 
and formation of biofilm streamers.

2.6. Antimicrobial Susceptibility Testing 
of PAO1 Biofilms

To determine the responses of biofilms to 
antibiotic exposure, we designed the device 
with three aqueous inlets for loading cells, 
culture medium, and antibiotics without 
cross contamination (Figure 6A). First, 
T-junction on the left was used to introduce 
bacterial plugs to seed PAO1 cells on an array 

of 200 µm DSHs for 2 h (Qoil = 1 µL min−1, Qcell = 0.3 µL min−1); 
second, LB medium plugs was infused from the right junction 
using the second aqueous inlet for 16 h at the same flow rates 
as the first step; third, Tob with different concentrations in LB 
medium was infused into the device to test its performance 
in biofilm eradication. As shown in Figure 6B, PAO1 biofilms 
exhibited exponential growth before exposure to 100  µg mL−1 
tobramycin. The biomass decreased by 94.0% after 22 h, as 
determined by average fluorescent intensity of the residual bio-
films (Figure 6B). As the concentration of Tob increased from 
12.5 to 200 µg mL−1, the eradication rate raised from 43.0% to 
70.7%, while the biofilm biomass in untreated control doubled 
after 5 h (Figure 6C). The introduction of multiple plug genera-
tors enabled us to flexibly switch the stimulants and to dynami-
cally record the whole process without interruption, including 
cell seeding, biofilm cultivation, and antimicrobial suscepti-
bility testing.
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Figure 4.  Biofilm formation in sessile droplets with different sizes. A) Representative micro-
scopic images of DSH-based biofilms on micropatterns with various diameters (50, 100, 150, 
and 200 µm). The seeding time was 2 h, and images were acquired after 24 h growth. B) The 
percentages of biofilm formation in the micropatterns with different diameters. Error bars, SD 
(50 µm: n = 159, 100 µm: n = 27; 150 µm: n = 18; 200 µm: n = 13).
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2.7. The Roles of Flagella and Pili in the Development 
of Biofilms

To further demonstrate that the DSH method can quan-
titatively analyze both seeding and growth of biofilms, 

we compared the PAO1 wild type with ΔpilA, ΔfliC, and 
ΔfliCΔpilA mutants on 200 µm micropatterns (Figure 7). We 
estimated the seeding performance of each strain by meas-
uring the area occupied by the attached bacterial cells with 
2 h inoculations. Biofilm growth was evaluated based on fluo-
rescence intensity.

Type IV pili and flagella are previously reported to contribute 
to the biofilm initiation and development.[28,29] At the seeding 
stage, ΔpilA mutant that cannot generate functional type IV 
pili is weakly adhered to the surface of micropatterns, whereas 
the ΔfliC mutant that lacks flagella exhibits the highest surface  
adhesion among the four strains (Figure 7A,B). We founded that 
ΔfliC cells have an increased surface coverage relative to wild-type 
cells, which suggests that flagella may function as a swimming 
propeller off the surface during bacterial attachment.[30] While 
the attached area of ΔfliCΔpilA is similar to wild-type PAO1. 
Similarly, on visual evaluation of representative biofilm images, 
different mutant biofilms appeared diverse on the surface. 
After inoculation, we grow the biofilms for 24 h by continuous 
feeding LB broth. The results showed that the biomass of ΔfliC 
biofilm is the highest in all four strains tested (Figure 7A,C).  
Collectively, these quantitative data indicate that flagella and 
pili not only control bacteria attachment but also biofilm 
structure.[30,31]

3. Conclusion

In summary, we developed a simple droplet-based method 
for cultivating bacterial biofilms in microfluidic channel. The 
device can precisely control the number of attached cells on 
predefined-micropatterns with different sizes, apply shear flow 
to study the hydrodynamic effect, analyze the growth of biofilms 
by time-lapse imaging, evaluate the impact of various genomic 
modifications, and quantify the antibiotic resistance of biofilms. 
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Figure 5.  Lifespan observation of biofilms formed by PAO1 and its mutant. A) Time-lapse images of biofilms of PAO1 (wild type) and PAO1Δpsl in 
200 µm size DSHs. Scale bars: 100 µm. Bright-field and fluorescence images show different growth patterns of biofilms in 40 h. B) PAO1 biofilm growth 
evaluated by integrated fluorescence intensity and cell covered area. Error bars, SD (n = 13). C) Growth of Δpsl biofilm in DSHs. Integrated fluorescence 
intensities of three representative DSHs (200 µm diameter) were drawn as red, blue, and orange plots. Flow conditions were Qoil = 1.0 µL min−1, 
Qmedia = 0.3 µL min−1.

Figure 6.  Antimicrobial susceptibility testing of PAO1 biofilms. A) Sche-
matic of device with three aqueous inlets and two oil inlets for sequential 
introduction of cells, culture media, and antibiotic solutions. B) Temporal 
profile of the average fluorescence intensity of PAO1 DSHs during 18 h 
cultivation with LB medium and another 22 h treatment with 100 µg mL−1 
tobramycin. C) Eradication of PAO1 biofilms by tobramycin of various 
concentrations after 5 h treatment. Error bars, SD (n = 52).
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Compared with continuous flow-based devices where biofilms 
cover all walls of the microchannel, the DSH method obtains 
single layer biofilms growing only on the bottom of the channel 
with precisely defined area and boundary. Different nanoliter 
plugs can be flexibly switched, adjusted, or stopped during the 
experiment for programmable and periodical chemical and hydro-
dynamic stimulations of biofilms, with significant reduction of 
the consumption of culture media compare with continuous flow 
cells. This method had led to interesting observations of area-
dependency of biofilm growth, periodical sloughing of biofilms 
under shear flow, territory expansion of biofilms, and formation 
of biofilm streamers, which in turn proved the DSH biofilms hold 
the intrinsic properties of biofilms previously observed in flow cell 
devices and in nature.

We believe that this simple and versatile DSH method can 
be commonly applied in more quantitative studies of bacterial 

biofilms, especially for development and 
aging of biofilms under shear stress and 
spatial confinements, shedding light on 
better understandings of bacterial biofilms 
in clinical and environmental settings. The 
predictable and persistent hydrodynamic 
environments provided by the DSH method 
is especially suitable for long-term studies 
of microbial biofilms. Moreover, the ses-
sile droplet approach may be extended in 
various biological applications ranging from 
the growth, differentiation, and prolifera-
tion of adherent mammalian cells to tissue 
engineering.

4. Experimental Section
The experimental setup is shown in Figure 1. In 
brief, the microfluidic device contains two layers, 
top PDMS layer with microchannels and the bottom 
glass plate with hydrophilic/hydrophobic hybrid 
patterns (see the detailed fabrication process in 
Figure S1, Supporting Information). The carrier 
oil was mineral oil without surfactant. The channel 
was prefilled with mineral oil before loading of 
bacterial suspension. Aqueous plugs were formed 
as described previously.[32,33] The hydrophilic 
micropatterns were first seeded with bacterial cell 
plugs, followed by continuous infusion of culture 
media plugs for long-term cultivation. The number 
of attached cells, as well as the dynamic growth of 
biofilms in DSHs were determined by fluorescence 
imaging under an inverted microscope. See 
the Supporting Information for more detailed 
procedures.

Supporting Information
Supporting Information is available from the Wiley 
Online Library or from the author.
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Figure 7.  Quantitative analysis of the impact of flagella and pili on the development of PAO1 bio-
films. A) Representative GFP microphotographs of biofilms of wild type PAO1, ΔpilA, ΔfliC, and 
ΔfliCΔpilA after 2 h inoculation with zoom-in views, and growth of biofilms after 12 h cultivation. 
Scale bars (top to down): 50, 25, and 50 µm. B) Covering areas of attached cells were measured 
at 2 h. C) Biofilm total biomasses were measured at 12, 14, and 17 h. All data in (B) and (C) were 
obtained from the corresponding fluorescence and optical images using ImageJ software. Error bars 
represent standard deviations (n = 4). Flow conditions: Qoil = 1.0 µL min−1, Qmedia = 0.3 µL min−1.
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